Culturing human embryonic stem cells (hESCs) requires a significant commitment of time and resources. It takes weeks to establish a culture, and the cultures require daily attention. Once hESC cultures are established, they can, with skill and the methods described, be kept in continuous culture for many years.
Introduction
Following fertilization, the cells of the human embryo undergo several rounds of cell division and rearrange to form a hollow sphere of cells termed the blastocyst. The cells of the blastocyst segregate into an outer layer called the trophectoderm and an inner cell mass (ICM). The trophectoderm becomes the fetal contribution to the placenta while the cells of the ICM give rise to the embryo proper. The isolation and culture of a unique population of cells, embryonic stem cells (hESCs), from the ICM of human blastocysts was first accomplished in 1994 by Ariff Bongso's group (1) . In 1998, James Thomson and colleagues described the derivation of the first hESC lines that were propagateable and cryopreservable cell cultures (2) . Although hESCs are typically produced from the ICM, they can also be produced from earlier stage embryos, including the morula and cleavage stages.
hESCs display two unique properties: the ability to self-renew indefinitely and the potential to give rise to all cell types of the human body (2) . Thus, hESCs are pluripotent stem cells (PSCs) because they are able to form cell lineages of all of the three germ layersendoderm, ectoderm, and mesoderm. These features of hESCs have made them extremely attractive tools not only for the study of development and cancer but also for their potential use in regenerative medicine strategies to repair or replace damaged tissues.
hESCs in culture (under the conditions described in this chapter) grow as tightly compact colonies of cells with high nucleus-to-cytoplasm ratios. On a molecular level, hESCs in culture express characteristic and specific (1) surface antigens such as the stage-specific embryonic antigen SSEA-4 and the teratocarcinoma recognition antigens TRA-1-60 and TRA-1-81 and (2) pluripotency-specific transcription factors such as Oct-4 and Nanog (3) .
In this chapter, we describe basic culture methods for hESC (PSC) culture. These methods may also be used for the propagation of PSCs produced by cellular reprogramming (induced PSCs or iPSCs as described in Chapters 5-7). While these methods have been used successfully for years by many laboratories, and many publications cite them, it should be noted that more modern methods exist, and these are covered in Chapters 9 and 10. In addition, we also cover cryopreservation methods. Importantly, since PSC cultures are often kept in continuous culture for months, even years, it is critical that genetic and developmental drift (4) be monitored in the cultures (see Notes 1 and 2 ). The best way to control for drift is to generate a large bank of frozen cells as soon as possible after the cultures are first expanded as described in Chapter 3. The importance of this cannot be overemphasized -the value of discoveries based on PSCs depends on the reproducibility of results.
Materials

Reagents
1.
Dulbecco's modified Eagle medium: Ham's F12 (DMEM/ F12 + GlutaMAX.
Invitrogen, #10565).
2.
Dulbecco's phosphate buffered saline (DPBS −− ) without Mg 2+ and Ca 2+ .
3.
Dulbecco's phosphate buffered saline (DPBS ++ ) with Mg 2+ and Ca 2+ .
4.
KnockOut ™ Serum Replacement (KSR) (Invitrogen, #108280-028).
5.
2-Mercaptoethanol, 55 mM (1,000×) in PBS (such as Invitrogen, #21985-023).
6. GlutaMax (100×) (Invitrogen, #35050).
7.
Human basic fibroblast growth factor (bFGF) (Stemgent, #03-0002).
8. MEM-Nonessential amino acids (NEAA) 100× (10 mM) (Hyclone, #SH30238.01).
9.
Hybri-Max dimethyl sulfoxide (Sigma-Aldrich, #D2650). 1 We know that PSCs acquire chromosomal abnormalities over long periods of culture, so karyotyping or other genetic analysis methods must be performed on a regular basis. For detailed information about how to monitor genetic drift, see Chapters 13 and 14. Keep in mind that changes during the time the cells are cultured in your laboratory can only be detected if you first analyze the cells very soon after you obtain them. 2 PSCs can also drift toward a more differentiated state over periods of extended culture. Since there is no assay for pluripotence equivalent to the germline transmission assay for mouse PSCs, surrogate markers, such as antibody markers, should be routinely checked, especially if the morphology of the cells seems to be different from the earlier cultures. The gold standard for measuring the pluripotency of a PSC line is to transplant it to an immune-deficient mouse to form a teratoma (Chapter 17). Keep in mind that it will require histological expertise to identify cell types and tissues in the tumors. In vitro differentiation of PSCs using embryoid body culture (Chapter 28) will allow at least a cursory analysis of PSC differentiation potential. However, embryoid bodies never achieve the maturity of cells that develop in teratomas, and since the methods used to assess differentiation in vitro usually involve a small number of markers assayed by immunocytochemistry (Chapter 15), it is more difficult to judge the full range of pluripotence using this method. The best approach to monitoring developmental drift is to pick a particular method and differentiated cell type to check periodically (see Chapter 30 on embryoid body and neuroepithelial differentiation, as well as the specific chapters on neuronal, cardiac, and hematopoietic cells, Chapters 29-33).
3. Sterile filter using a syringe filter approved for use with DMSO (e.g., nylon membrane).
4.
Keep cold and use immediately. This is a 2× solution.
Methods
These methods assume that all PSC culture is carried out in 6-well plates (see Notes 6-8 for helpful general suggestions).
Preparation of Feeder Cell Stocks
The traditional feeder cells are mitotically inactivated, low-passage mouse embryonic fibroblasts, usually from CF-1 strain mice (5) . These MEFs are seeded at a wide range of densities depending on the different PSC cell line being grown. For example, the original "H" series lines from WiCell were grown in the presence of MEFs seeded at 75,000 cells/ cm 2 . However, these lines and others have also been successfully grown on denser feeder layers, as have many others. It will take some trial and error in your laboratory to determine the optimum density. Human-derived fibroblasts of various origins have also been successfully used as a feeder cell layer. Any distinct advantages of human versus mouse feeder cells have not been agreed upon. As with MEFs, if you choose to use human feeders, it will require some trial and error to determine the best concentration. 6 PSCs are usually cultured without antibiotics; with good culture technique, bacterial and fungal contamination should not be a problem. However, we recommend that antibiotics be used while new investigators are being trained in the techniques. Antibiotics such as amphotericin, penicillin, and streptomycin, however, do not have any effect on mycoplasma. Mycoplasma is highly infectious and commonly occurs when new cells are introduced into laboratories. The ATCC (American Type Culture Collection) estimates that 16% of cell cultures are contaminated by mycoplasma. This bacterium can also come from tissue culture reagents such as serum and media supplements as well as from laboratory staff. Mycoplasma is a serious problem in laboratories that culture multiple cell lines or have inadequately trained personnel. Cultures must be monitored for mycoplasma on a regular basis, and contaminated cultures must be destroyed. The best defense against mycoplasma contamination is good aseptic technique; the laboratory should not allow inexperienced or careless workers to share cell lines, solutions, or tissue culture equipment. As a precaution, all cultured cell lines should be tested at least four times a year. Testing for mycoplasma can be done by enzymatic, polymerase chain reaction (PCR), fluorescent staining, or culture methods. 8 The cells should be passaged at about 1:3-1:6 every 5-7 days. Prepare the feeder layer or extracellular matrix (ECM) substrata the day before passaging. Depending on the cell line, passaging on a Friday afternoon may be a good routine. The cells are usually left undisturbed for 2-3 days following passaging, which allows them to settle down on the substratum, attach and begin dividing before the medium is changed. There will be considerable variation in the size of colonies in a single dish. Human PSCs do not substantially pile up on each other, and their colonies can grow to a large diameter while remaining undifferentiated. Culture conditions affect the flatness of the colonies, but as an approximation, they are ready to split when the diameter fills the 10× field when observed under the microscope. As shown in Fig. 3 , a colony about half the diameter of the 10× field contains about 4,400 cells. A colony filling the field would contain about 15,000 cells. When the colonies grow very large and start to merge into one another (see Fig. 4 ), they must be passaged to avoid differentiation and/or starvation of the culture. When passaging by most methods, do not make a single-cell suspension; dissociate the colonies into smaller colonies of a few hundred cells. Examine the culture daily for colony morphology under the phase-contrast or dissecting microscope. With experience, one can get a good overview of colony morphology by holding the dish up to a light and looking at the bottom of the dish. The differentiated colonies will have ragged edges and hollow or dark centers. On the bottom of the dish, mark colonies that are badly differentiated or parts of the colony that you do not wish to transfer to a new culture dish. This can be easily accomplished with a special microscope attachment sold by Nikon (see Subheading 2.1 "Reagents"). To be certain that the colonies selected are undifferentiated, it is advisable to dissect the colonies while viewing the dish under a dissecting microscope with illumination from the base. But this is not absolutely necessary, and some prefer passaging cells without magnification.
The single most important skill in successful culturing of PSCs may be the ability to recognize the morphology of undifferentiated cells under a variety of conditions (see Fig. 1 ).
a. Feed cells every day, except for 1 or 2 days following passage.
b. Examine the cultures every day under 4× and 10× phase-contrast. This will allow you to become familiar with the morphologies of undifferentiated and differentiated cells and colonies.
c.
When they are cultured on feeder layers, PSCs tend to undergo spontaneous differentiation in the centers of the colonies. When passaging, take care to avoid passaging these differentiated "centers" to the new culture.
d. Most PSC lines double every 31-35 h.
e.
Store medium at 4°C, protect from light, and discard any unused medium after 10 days. Best results are achieved when medium is prepared in small batches once a week.
1. Thaw a cryopreserved vial (such as the ATCC product cited) of mouse embryonic fibroblasts quickly in a 37°C water bath (without submerging the cap), and wash with 70% alcohol before moving it to the tissue culture hood. Carefully move the contents into a 15 mL conical tube. Slowly and dropwise, add 10 mL of warm MEF medium, while gently shaking the tube.
2.
Centrifuge at 200 × g for 5 min, aspirate supernatant, and resuspend the pellet in 5 mL of MEF medium.
3.
Seed onto a 0.1% gelatin-coated 150 mm TPP tissue culture dish and add an additional 15 mL of MEF medium. Place in incubator and gently move the plate back-and-forth and then side-to-side, so as to evenly distribute the cells.
4.
Monitor the cells daily. They should divide extremely quickly but not require daily feeding before reaching confluence. This often takes only 24 h.
5.
When the cells become confluent, split at a 1:2 ratio using TrypLE-Express. Aspirate the medium, rinse the plate with 5 mL DPBS −− , and add 10 mL of RT or 37°C TrypLE-Express. When the cells start to lift off the plate, inactivate the enzyme by adding 10 mL of warm MEF medium. Collect the cells in a sterile conical tube and centrifuge them at 200 × g for 5 min. Aspirate the supernatant, resuspend in a 40 mL of medium, and reseed into 2-150 mm dishes. This is considered passage 1.
6.
Continue monitoring and splitting the MEFs until passage 5 is reached. At this point, lift the cells, and irradiate them with 3,000 rads to inactivate them (see Note 9).
7.
Freeze the cells in DMEM with 30% FBS and 10% DMSO. The freezing density will depend on the PSC line with which you are working. We recommend that you freeze enough feeder cells in one vial (~3.5 × 10 6 /vial) to seed an entire 6-well plate.
Preparation of a Feeder Layer
1. 24 h before a plate of feeder cells is needed for PSC culture, coat the plate with 0.1% gelatin for 2-24 h before plating MEFs to help the PSCs attach.
2.
Thaw a vial of prepared irradiated/inactivated MEFs as described above, and seed onto the plate in MEF medium.
3.
After the MEFs have attached overnight, aspirate the MEF medium, rinse with DPBS ++ , and add 1 mL/well PSC medium. Allow the MEFs to condition this 9 Mitomycin C can be used in the place of irradiation for inactivation but it is a cytotoxic antitumor agent and must be handled carefully; it works by cross-linking the DNA, which blocks cell division. Follow your institution's rules for safe handling and disposal. Handlers should wear latex or nitrile protective gloves and work in a biological safety or fume hood. One effective method is to inactivate the mitomycin C with an equal volume of household bleach. Inactivation is rapid.
a. Remove the feeder cell medium.
b. Add 10 mL/75 cm 2 of mitomycin C medium. Make sure the entire flask is covered with mitomycin C medium so that the inactivation is complete and all cells are exposed for the entire incubation time.
c.
Incubate for 3 h at 37°C in 5% CO 2 .
d. Remove mitomycin C, neutralizing it with bleach or other recommended procedure.
e.
Wash inactivated feeder layer three times with 10 mL each of DPBS ++ .
f.
Trypsinize the cells to remove them from the dish.
g. Use the cells immediately for plating and/or cryopreserve them for later use. medium for at least an hour before seeding the PSCs (1 mL/well, as described in Subheading 3.4.1, step 9).
Thawing of Cryopreserved PSCs
Quite frequently, there is a growth lag after thawing and plating PSCs -it may take several days to see colonies (6) . It is advisable to observe the cultures under 4× magnification 24 h after thawing, but not to exchange the medium for at least 48 h. There may be considerable floating debris and dead cells upon thawing the cells -this is normal.
1.
Gently but quickly thaw the vial of cells by shaking it in a 37°C water bath until the last sliver of ice has melted (about 60 s). Spray the tube with 70% alcohol and dry with a Kimwipe.
2.
In the biosafety cabinet, aseptically remove the vial contents and place them in 15 mL conical tube. Slowly, with gentle tapping, add 10 mL of room temperature PSC medium.
3. Spin at 200 × g for 5 min.
4.
Aspirate the supernatant.
5.
Add 3 mL of PSC medium to the tube, triturate gently, and transfer the contents to one well of a 6-well dish that has been prepared with inactivated MEFs as described in Subheading 3.2.
6. Place plate into the incubator.
7.
Allow 3-7 days for the cells to attach. During this time, replace half of the medium every other day being careful not to aspirate the cells. Fig. 1 shows the appearance of traditionally cultured PSCs).
The medium should be replaced daily starting 4-7 days after thawing the cells, or when the cells appear to have attached (
Passaging PSCs
Human PSCs have traditionally not survived well when dissociated to single cells. Thus, the most reliable method for passaging undifferentiated PSC cultures has been manual dissection of the colonies. This method may seem tedious but it is virtually foolproof and we recommend that novices use this method until they have familiarity with the cells and can easily recognize differentiation in the cultures. We also recommend manual passaging for producing cell banks of low-passage PSCs (see Note 10).
Mechanical Dissociation-
The choice of tool for mechanical passaging is an individual preference, but we have found that needles and pipette tips are the most common choice. They are inexpensive to obtain and provide consistency (see Note 11).
1.
Evaluate the culture daily under 4× or 10× phase-contrast optics.
2.
The cells can be split among 3-6 plates of the same size as the original culture, depending on the density of the original culture. If you wish to put the cells in different-sized plates or dishes, calculate the volume to add based on the surface area.
3.
Mark (or remove) overtly differentiated colonies so as not to disturb these during the dissociation process.
4.
Remove the medium from the dish and replace with fresh PSC medium.
5.
Dissect the colonies by hand, either under a low-power dissecting microscope (in a horizontal flow hood) or without a microscope in the tissue culture hood (see Fig.  2 ).
6.
Break up each colony and move it into suspension by moving the tip around and across each colony in a crosshatch or a spiral motion. Pipette tips are a much better tool for this than needles due to their larger bore. Since the colonies are large at the time of passage, it is relatively easy to see individual colonies on the plate and, with practice, one can quickly passage an entire plate in less than 20 min (see Note 12).
7.
After all of the colonies are dissected (from an entire 6-well plate, for example), use a 5 mL pipette to transfer the culture medium containing the dissected colonies to a 15 or 50 mL conical tube. Rinse the plate with 1 mL PSC medium, moving the medium sequentially from well to well before adding it to the same 15 mL tube.
8.
Using PSC medium, bring the volume of medium and cells in the tube to the appropriate amount for seeding new plates. For example, if you have just passaged one well of a 6-well plate, and are passaging 1:6, you should bring the final volume to 12 or 2 mL for each new well that will be seeded (but see the slightly different procedure if you are cryopreserving the cells, Subheading 3.5).
9.
Gently triturate the cell clumps using a sterile 10 mL pipette and divide the cell suspension into the prepared culture dishes on feeder layer. Do not overtriturate; triturate gently, trying to achieve a relatively uniform distribution of the cell clumps without creating single cells.
10.
Place the newly seeded plates in the incubator. Briskly move the plate(s) back-andforth, side-to-side, and forwards-and-backwards to ensure even dispersion, while being careful not to splash any medium onto the cover of the culture dish.
Collagenase Dissociation-Enzymatic dissociation methods vary widely, and
the exact conditions need to be developed for each laboratory. Most importantly, cultures that have been maintained by manual passaging cannot be passaged by enzymatic dissociation unless exceptional care is taken to adapt the cells to this new set of conditions. When done properly though, enzymatic passaging can provide the investigator with a convenient and efficient way of maintaining PSC culture stocks (see Note 5).
1.
Remove the culture medium.
11 Fire-drawn glass pasteur pipettes were the choice for early PSC labs, but they are labor-intensive to prepare, and no two are alike. Needles have the advantage of greater precision; however, for the novice user, they have a tendency to scrape ribbons of plastic off of the plate and introduce them into the medium. Needles, however, are very useful in instances where one may need to isolate a very small colony or where there is a small patch of undifferentiated cells surrounded by areas of spontaneous differentiation. Pipette tips, on the other hand, have the advantage of greater efficiency for more confluent plates with larger, less-differentiated colonies. This is due to their larger bore, and the ability to use them like a scoop to shovel colony chunks into suspension. At the same time, relatively precise cuts can be made using the edge of the tip. We recommend individually wrapped 20 μL pipette tips from Eppendorf since this eliminates the possibility of another technician accidentally contaminating a shared box of autoclaved pipette tips. 12 As the basal media used for most common human cell cultures is bicarbonate-based, do not keep a culture outside the incubator for more than about 15 min at a time. Any time the medium is outside the CO 2 environment, it loses CO 2 and its pH rises, going above pH 8 in about 30 min. Thus, if your dissections take longer than about 20 min, put the cultures back into the incubator for about 10 min before continuing.
2.
Rinse the culture with DPBS ++ .
3.
Treat with 2 mL/well 200 U/mL of collagenase IV solution for 5-10 min at 37°C or until the edges of the colonies start to curl up. Observe the culture under the microscope.
4.
Remove the collagenase and replace with 2 mL/well of PSC medium.
5.
Using a 5 mL pipette, gently dislodge the "good" colonies from the plate and transfer them to a 15 mL conical tube. Alternatively, one could remove the differentiated colonies prior to treating the culture dish with collagenase.
6.
Gently triturate the cell clumps using a sterile 10 mL pipette and plate on a feeder layer of MEFs. Do not make a single-cell suspension but try to achieve a relatively uniform suspension of cell clumps containing several hundred cells each.
7.
The cells can be divided among 3-6 dishes of the same size as the original culture, depending on density of the original culture. If you wish to put the cells in different-sized dishes, calculate the dilution based on surface area.
Cryopreservation
Cryopreservation is used to stabilize cultures with specific genetic characteristics at specific points in time. Without the ability to cryopreserve our cell lines, we are forced to continuously subculture them, during which time the cells may accumulate genetic changes and become heterogeneous. Using validated stock vials to initiate new experiments maximizes the long-term usefulness of a cell line and minimizes experimental variation.
For many years, the traditional method of cryopreserving PSCs has involved freezing the cells in large clusters with a medium containing FBS and DMSO. PSCs have very poor survival with this cryopreservation method, however (6) . As a result, the time from thawing the vial to having cultures suitable for experimentation can be weeks to months. Vastly more efficient techniques have been recently developed in conjunction with alternative culture systems, and these are outlined in Chapters 9 and 10. Nonetheless, for researchers interested in pursuing traditional PSC culture, the historical method is presented in this chapter.
1.
Prepare cells for cryopreservation when they have reached the same stage at which you would normally passage them.
2.
Change the culture medium just before harvesting the cells.
3. Label 1.8 mL cryogenic vials with cell line name, date, and passage number.
4.
Prepare 2× stock cryopreservation medium (see Subheading 2.2) and keep on ice.
5.
Dislodge the colonies from the plate, mechanically, using a sterile pipette tip or treat with 2 mL/well 200 U/mL of collagenase IV in DMEM/F12 + Glutamax for 5-10 min at 37°C.
6.
Remove collagenase and replace with PSC medium (3 mL for each well of a 6-well dish).
7.
For each well of a 6-well dish, collect the cells in 3 mL of PSC medium and transfer to a 15 mL conical tube.
8.
Centrifuge 5 min at 200 × g. Aspirate supernatant, leaving a small amount of medium covering the pellet.
9.
Gently resuspend the pellet in conditioned PSC medium (usually 1.5 mL for each well of a 6-well dish or one half of the final freezing volume). Use a 5 mL pipette to gently triturate the clumps.
10.
Dropwise, add an equivalent volume of ice-cold 2× cryopreservation medium, mixing constantly by tapping the tube (see Note 13).
11. Place 1.0 mL of cell mixture in each cryogenic vial (i.e., about three vials per well).
12.
Rapidly transfer the vials to a precooled (4°C) Nalgene freezing container (containing isopropanol), and place immediately in a freezer at −70°C to −80°C. The next day, transfer cells to liquid nitrogen for long-term storage. Manual passaging of human PSCs in culture showing the sterile needle or pipette method used for slicing the colonies into about 100 pieces. The colony is cut into strips (a), and then into squares (b). Each piece of the colony has a few hundred cells (4× phase-contrast). A colony about half the diameter of the 10× field contains about 4,400 cells; a colony filling the field contains about 15,000 cells. Example of a high-density culture on mouse embryonic fibroblasts. Note how two large colonies have merged together and there is some noticeable differentiation around the edges of the colonies (4× phase-contrast). This culture would need to be passaged right away.
